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Abstract 

In the last decades, two major concerns have driven the production and development of biofuels: the rising of fossil fuel prices and the climate 
change due to greenhouse gases. Among the available feedstocks for the production of biofuels, microalgae have been described as the most 
sustainable alternative, combining high productivity rates and usage of non-arable lands, the biggest problem of vegetable oil. In this work was 
studied the production of biodiesel from the microalgae Chlorella protothecoides, with the association of two bioreactors (in a closed loop): 
one photoautotrophic and the other heterotrophic, connected by the gas phase and allowing an exchange of O2 and CO2 gases between them, 
benefiting from a symbiotic effect. The association of two bioreactors was proposed with the aim of improving the microalgae oil productivity 
for biodiesel production. The comparison between heterotrophic and autotrophic Chlorella protothecoides growth for lipid production revealed 

that heterotrophic growth achieved the highest biomass productivity and lipid content, and furthermore showed that these lipids had the most 
suitable fatty acid profile in order to produce high quality biodiesel. The autotrophic growth showed higher specific growth rate and maximum 
biomass productivity (120% and 140%, respectively) compared to control bioreactor. Also, the lipid content was higher on symbiotic 
bioreactor, inducing an increase of oil productivity by 230%. On the other hand, the heterotrophic growth revealed inferior results on symbiotic 
bioreactor, with a lower growth rate (20%) and maximum biomass productivity (40%) compared to the control experience. The attained lipid 
content was higher on symbiotic growth, even so, the oil productivity resulted on 40% lower than the control. These results show an advantage 
of the symbiotic bioreactors association in several aspects, environmentally and in lipid content, however, it is important to optimize the 
process to enhance the growth of microalgae in heterotrophic conditions and thus contribute to the economic viability of the system, for 
biodiesel production. 
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1. Introduction 
 

Nowadays, about 80% of global energy demand is 

produced from fossil fuels. However, intensive utilization of 

fossil fuels has led to energy crisis, global climate change and 

environmental pollution [1]. Many countries are thus turning 

their attention to the development of new, clean, and 

sustainable energy sources. Among the various potential 

sources of renewable energy, biofuels are of most interest and 

are expected to play a crucial role in the global energy 

infrastructure in the future.  

Biodiesel, one of the most commonly used biofuels, is 

recognized as an ideal recyclable energy carrier, and thus also 
as a possible primary energy source [2]. Commercial 

biodiesel is currently produced from animal fat, waste frying 

oil and vegetable oils [3], whose competition with edible 

vegetable oil for agricultural land is still a controversial issue 

[4]. Consequently, microalgae could be seen as a suitable 

alternative feedstock for the next generation of biodiesel 

production.  

Microalgae are already reported to produce 15–300 times 

more oil for biodiesel production than traditional crops on an 

area basis [2]. Furthermore compared with conventional crop 

plants which are usually harvested once or twice a year, 

microalgae have a very short harvesting cycle (∼1– 10 days 

depending on the process and on species), allowing multiple 

or continuous harvests with significantly increased yields. 

The use of non-potable water and non-arable land for algal 

cultivation is also a viable option, using far less water and 

avoiding food crop displacement [5]. However, microalgae as 
a feedstock for biodiesel are currently more expensive than 

traditional agricultural crops and further R&D is required to 

reach the market. The major economic limitation cited in the 

literature is algal productivity, followed by labour and 

harvesting costs [6]. In terms of scale, productivities and 

costs, microalgae biomass production technology must 

advance in magnitude to be considered as an alternative fuel 

source [7]. 
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Several technical and physiological difficulties associated 

with the supply and distribution of light and carbon dioxide to 

the photosynthetic mode of cultivation have been described 

[8]. High light intensities combined with low biomass 

concentrations could be harmful to photosynthetic cultures 

due to photo-inhibition and photo-oxidation. Low light 
intensities and/or high biomass concentrations increase 

endogenous biomass consumption by respiration. Both 

situations are common in outdoor mass cultures, inducing low 

productivities.  

Carbon dioxide can be supplied by blowing air into the 

photobioreactor, but the CO2 content in the air is only 0.04%, 

making dense cultures C-limited, as microalgae need 2–5% of 

carbon dioxide for their optimum growth. Pure carbon 

dioxide is very expensive, flue gas can be used as a cheap 

carbon dioxide source, but SO2, NOx and VOC may cause 

microalgae growth inhibition [7]. However, to remove the 

toxic pollutants in flue gas is quite expensive.  
Some microalgae assimilate and thus use organic carbon 

as an energy source for growth in the dark (heterotrophy), 

offering the possibility to increase the cell concentration and 

productivity [8]. According to Lee [8], projected costs of 

producing algae in industrial fermenters (heterotrophic 

cultures) appears to be approximately ten times lower when 

compared to the conventional autotrophic cultivation mode. 

However, dense heterotrophic cultures are often oxygen-

limited. The aeration conditions are of crucial importance for 

cell growth as the specific growth rate decreases when the 

cells grow under restricted supply oxygen conditions. 
Furthermore, oxygen transfer is likely to be a limiting factor 

during a commercial-scale high-cell-density cultivation of 

heterotrophic microalgae, leading to a decrease in process 

productivity. In such conditions, to maintain aerobic 

conditions, a very high stirrer speed has to be maintained 

during most of the process, resulting in increased input power 

and increased costs. Cell proliferation of microalgae can be 

negatively affected by mechanical agitation due to severe 

shear stress, which is the way generally used to improve mass 

transfer in submerged fermentations [7].  

It was suggested another alternative for the economically 

production of microalgae biomass, through the establishment 
of a symbiotic relation between two organisms, growing 

under hetero and autotrophic nutritional modes. This 

symbiotic approach could be extended to any microalgae able 

to growth under both cultivations, particularly, belonging to 

Chlorella Genus, such as Chlorella protothecoides. Which 

have been recognized as a good lipid producer for biodiesel 

[9, 10]. 

According to the present work, extra dissolved carbon 

dioxide required for the optimal growth of photoautotrophic 

microalgae is supplied through respiration of heterotrophic 

microalgae. The use of CO2 from microalgal respiration as 
carbon source for autotrophic microalgal biomass production 

has several advantages, being a low-cost C source and free of 

toxins. Furthermore, the oxygen needed for the respiration of 

heterotrophic microalgae is provided through photosynthesis 

of photoautotrophic microalgae.  

The aim of this work is to demonstrate the symbiotic 

effect of the association of two bioreactors, a 

photoautotrophic and a heterotrophic one, in a closed loop. 
 
 
 

 

 

2. Materials and Methods 

 

2.1. Microalgal strain 
 

The microalgal strain used in this study was Chlorella 

protothecoides strain 25 from the UTEX Collection (Texas 

University of Austin, USA). 

 
2.2. Medium 

 

Heterotrophic Chlorella was cultivated in a simple 

organic medium containing per liter: 20 g glucose, 5 g yeast 

extract and 2.3 g Sea salt. The pH was adjusted to 7.2 by 

adding NaOH. To prevent contaminations, a mixture of three 

antibiotics was added: chloramphenicol 5 mg/L, penicillin-G 

62 mg/L, and streptomycin 100 mg/L previously filter 

sterilized. 

Autotrophic Chlorella was cultivated in an inorganic 

medium containing per liter: 1.25 g KNO3, 1.25 g KH2PO4, 
1g MgSO4·7H2O, 0.11 g CaCl2·2H2O, 0.5 g NaHCO3, 0.1 mg 

FeEDTA·3H2O, and 1 mL trace elements solution [11]. The 

trace elements solution contained per liter: 

2.86 g H3BO3, 1.54 g MnSO4·H2O, 220 mg ZnSO4, 50 mg 

CuSO4, 60 mg Na2MoO4·2H2O and 80 mg CoSO4·6H2O. All 

media were sterilized before inoculation. 

 

2.3. Cultivation 

 

The autotrophic specie was grown in flat-plate 

photobioreactors (also called VAP, from vertical alveolar 
plate), with 2.7 L capacity each. Heterotrophic Chlorella 

growth was performed in a Setric Genie Industriel fermenter 

with a total volume of 2 L. Two VAP’s were connected with 

a fermenter, establishing a symbiotic gas exchange between 

the two bioreactors types: the autotrophic bioreactors (A) had 

(in common) its gas exit connected to the gas inlet of the 

heterotrophic bioreactor (H), that has its gas exit connected to 

the gas inlet of both autotrophic bioreactors (Fig. 1). Another 

two bioreactors, one VAP (a) and one fermenter (h), were 

receiving atmospheric air (compressed), being designated as 

control bioreactors.  

Each VAP bioreactor was filled with 1.8 L of the 
respective medium and 900 mL of inoculum. Its inoculum 

was obtained from autotrophic Chlorella grown in flasks 

under artificial light (24h/day) and atmospheric air inflow 

between 1 and 4 L/min. All flat-plate photobioreactors were 

incubated under light conditions (24h/day), and operated at 

0.5 vvm aeration rate (+/- 0.25 vvm each symbiotic VAP). 

Fermenters were occupied with 1 L of heterotrophic 

medium and between 100 and 300 mL of inoculum, make up 

to 1.3 L with sterile water. The inoculum was obtained from 

heterotrophic Chlorella incubated in Erlenmeyer flask at 28ºC 

under continuous shaking (150 rpm) in the dark. A 
concentrated glucose solution was added in semi-continuous 

system. Dissolved oxygen (DO) concentration was controlled 

by increasing agitation speed, setting as 50% DO the lowest 

value. The agitation speed was initially set at 460 rpm. 

Temperature and pH was controlled to 28.2ºC and 6.55, 

respectively, and aeration rate was set at 1.0 vvm.  
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Figure 1 – Gas section scheme of symbiotic circuit. 

 

 

2.4. Symbiosis 

 

The symbiotic circuit had two input currents of 

compressed atmospheric air, both connected near the entrance 

to each bioreactor (Fig. 1). After insertion of air into the 

circuit until the desired flow rate, the streams of compressed 

air were closed during the experiment, being opened (only) in 
two situations: in order to adjust the flow rate or increasing 

the dissolved oxygen content on the fermenter (when the 

recorded value is critical). 

The circulation of air inside the circuit was made at 

constant flow rate, by vacuum pump support. The VAP’s 

outlet gas passed through a condenser to reduce water losses 

by evaporation. 

During autotrophic growth the dissolved oxygen 

concentration and temperature were monitored via the 

specific electrode SZ12T (Consort Multi-parameter C3021). 

On the heterotrophic cultivation, the controller monitorized 
the agitation speed, temperature, pH and dissolved oxygen 

concentration. Samples were taken in both cultivation modes 

during Chlorella growth, to analyse several parameters. 

 

2.5. Analytical methods 

 

2.5.1. Growth analysis 

 

The growth of Chlorella was monitored by determination 

of dry weight (DW) after filtering a known volume culture 

medium with a glass fiber filter and drying 18 h at 100ºC and 
by measuring the optical density at 540nm [12]. Both 

measurements were made in duplicate. 

 

2.5.2. Glucose determination  

 

Glucose in the medium after separation of the cells was 

analysed by 3,5-dinitrosalicylic acid (DNS) assay [13]. 

 

2.5.3. Nitrate determination  

 

The ultraviolet spectrophotometric method was used to 

analyse nitrate in the medium after cells separation [14]. 

 

2.5.4. Total nitrogen determination  

 

Total nitrogen in the heterotrophic medium was analysed 

according to Koroleff’s method [15], after cells separation. 

 
2.5.5. Determination of lipid content 
 

Nile Red fluorescence (NRFL) was determined to 
measure lipid content of microalgal cells [9]. Multi-parameter 

flow cytometry used NR (Riedel de Haën, Buchs SG, 

Switzerland) using a modified protocol described by de la 

Jara et al. [16]. A working solution (5 µL) of NR and acetone 

(0,033 mg/mL) was added to a total 0,5 mL volume of cell 

suspension (250-300 events/s) and phosphate buffered saline 

(PBS). This mixture was submitted to vortex and incubated 

for 2 min at 37ºC in darkness. NR fluorescence was 

determined using a FACSCALIBUR flow cytometer (Becton-

Dickinson Instruments, Belgium). NR exhibits yellow and red 

fluorescence when dissolved in neutral and polar lipids, 
respectively. Non-stained cells were used as an 

autofluorescence control measured in FL2 and FL3 (AF2 and 

AF3, respectively), which were always set to the same pre-

fixed fluorescence value, in all experiments. The total 

fluorescence (NRFL) corresponding to total cellular lipids 

was determined as the sum of the ratios FL2/AF2 and 

FL3/AF3.  

The lipid content in the biomass was assumed to be 

proportional to the total fatty acids obtained directly from 

transesterification of microalgal powder according to a 

previous reference [17].  
 

2.5.6. Determination of fatty acid content and composition 

 

Fatty acid composition of Chlorella under different 

cultivation modes was analysed by gas chromatography. The 

fatty acids were transesterified by Lepage and Roy’s method 

[18] with modifications for GC analysis. To a sample of 

Chlorella powder (100 mg) 2 mL of a mixture of 

methanol/acetyl chloride (95:5 v/v) and 0.2 mL of internal 

standard solution from heptadecanoic acid in petroleum 

benzin 60-80ºC (5 mg/mL) were added.  

The mixture was sealed in a light-protected vial under 
nitrogen atmosphere and heated at 80ºC for 1 h. After 

cooling, the vial contents were diluted with 1 mL of water 

and 2 mL of n-heptane. After 15 min, the upper layer 

(heptanoic phase) was recovered, then dried over anhydrous 

Na2SO4, filtered and collected in a vial, obtaining the fatty 

acid methyl esters. These were analysed by gas 

chromatography in a CP-3800 chromatograph (Varian, USA), 

equipped with a flame ionization detector (FID). Separation 

was carried out in a 0.32 mm × 30 m fused silica capillary 

column (film 0.32 µm) Supelcowax 10 with helium as carrier 

gas at a flow rate of 0.9 mL/min. The column temperature 
was programmed at an initial temperature of 200°C for 20 

min, then increased at 20°C/min to 220°C and held at 220ºC 

for 14 min. Injector and detector temperatures were 

maintained at 250°C, and the split ratio was 1:50. Peak 

identification and response factor calculation was carried out 

using standard FAME Mix RM-6 (Supelco, USA). Each 

sample was prepared in duplicate and injected twice.  

A correlation between FA% and NRFL was obtained in 

this work, which was applied to the two different modes of 
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growth. This correlation was then used to estimate the FA 

content as the total microalgal lipid content. 

 

2.5.7 Productivity determination 

 

The partial biomass productivity in batch and semi-
continuous was calculated, respectively, as 
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the global biomass productivity was calculated as 
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and the lipid productivity was calculated as 
 

                  ⁄  

 

where mi and Vi are the total biomass and culture volume, 

respectively, after a period of time ti; m0 and V0 the total 

biomass and culture volume, respectively, measured before ti 

(t0); mout is the purged biomass during glucose feed (at 

constant volume); mf and Vf are the biomass and culture 

volume, respectively, at the end of the experiment; mini is the 

biomass at the beginning of the experiment; t is the total 
experiment time; Vout is the total volume purged during the 

experiment; %FA is the biomass fatty acid content at the end 

of the experiment.     
 
 

3. Results and discussion 

 

3.1. Heterotrophic and autotrophic growth 

 

The growth of Chlorella protothecoides under the 

heterotrophic and autotrophic conditions was successful, in 

control and symbiotic bioreactors. No contamination was 

detected during the growth, except in the control fermenter, 

starting to show the presence of bacteria after the 70 h 

growth. For this reason, heterotrophic growth time considered 

(70 h) was shorter than autotrophic growth (94 h). Although 
growth in symbiotic fermenter occurred for 94 h, it was 

considered the last 70 h, due to critical changes in pH of 

culture medium (between 1 and 11) recorded at the beginning 

of the experiment, conditioning the growth of microalgae in 

the initial hours. 

Chlorella protothecoides in the fermenter (Fig. 2) reached 

its highest biomass concentration (19 g DW/L) in control 

bioreactor, followed by the symbiotic bioreactor (10 g 

DW/L). In the autotrophic bioreactor (Fig. 2), symbiotic and 

control VAP’s reached only 1.9 and 1.2 g DW/L, 

respectively. 

The heterotrophic cultivation depicted the fastest specific 
growth rate (µh = 0.0875 h-1; µH = 0.0705 h-1); autotrophic 

cultivation showed the slowest growth rate (µa = 0.0120 h-1; 

µA = 0.0266 h-1). In the symbiotic VAP’s the specific growth 

rate increased in comparison to the control VAP (120% 

higher), due to the positive effect of the aeration becoming 

richer in CO2: the relatively small carbon dioxide partial 

pressure is low (0.04%) in the air, while that leaving the 

heterotrophic symbiotic bioreactor is significantly higher.  

However, symbiotic fermenter showed the opposite result, 

with a lower specific growth rate than the control (20% 

lower). It was expected an increase of heterotrophic growth 

under symbiotic conditions, the pH problem occurred on 

culture medium could be a possible reason for this result, 

furthermore, the partial pressure of O2 is high in the air and 

therefore the variation may not be as significant as depicted in 

CO2 variation. 
 

 

 
 

Figure 2 – Chlorella protothecoides growth in two different cultivation 

modes: heterotrophic mode (‘h’ and ‘H’) and autotrophic mode (‘a’ and ‘A’). 

 
 
 

3.2. Dissolved oxygen concentration in fermenter 

 
The dissolved oxygen concentration in control and 

symbiotic fermenter was above 50% during both experiments 

(Fig. 3), there was no limitation by oxygen. On one hand, this 

was already expected on the fermenter receiving continuously 

compressed atmospheric air in excess, on the other hand, the 

symbiotic circuit revealed a successful interaction between 

both cultivations, there was no need to insert atmospheric air 

into the circuit, unless timely to adjust the flow rate. 

Furthermore, the agitation speed remained unchanged 

throughout the operation, and so the increase of shear stress 

was avoided. 
 

 

 
 

Figure 3 – Percentage of dissolved oxygen in control (‘h’) and symbiotic 

(‘H’) heterotrophic medium 
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3.3. Cellular densities in symbiotic circuit 

 

The ratio (q) between total cells of Chlorella 

protothecoides in hetero- and autotrophic growth is 

represented in Fig. 4. In this section was considered the total 

time for heterotrophic growth (94h).  

Similar cellular densities from autotrophic and heterotrophic 

cultivations were used at the beginning (±0.6 g/L), but with 
different volumes, VAP’s had four times the fermenter 

volume. Theoretically, the balance between O2 and CO2 

consumption and production is reached with the same 

biomass cells in the two cultivations (1 mol CO2 is consumed 

to produce 1 mol O2 in photosynthesis and the opposite is true 

for respiration reaction), q= 1. 

Autotrophic cultivation started with a higher cellular mass 

(q= 0.25), however heterotrophic Chlorella had a faster 

specific growth rate and so the ratio was continuously 

increased until q= 1.4. To achieve a balanced symbiotic 

relationship the ratio should be closer to 1, otherwise the 
cultivation with lower cellular mass will not supply enough 

O2 or CO2 for the other one to show benefits compared to the 

control. 
 

 
Figure 4 – Ratio between cellular mass in heterotrophic and autotrophic 

culture during the symbiotic assay. 

 
 

3.4. Substrate consumption 

 

3.4.1. Autotrophic cultivation – Nitrate consumption 

 

The autotrophic cultivation in symbiotic circuit showed 

higher nitrate consumption than control bioreactor (Table 1). 
The same trend was observed in the produced biomass and in 

the yield coefficient for biomass to nitrate consumption; the 

higher the nitrated consumed, the higher the biomass 

produced and therefore the observed yield. 
 

Table 1 – Nitrate consumption and biomass yield at the end of autotrophic 

cultivation of Chlorella protothecoides. 

VAP 
NO3

-
 consumption 

rate (mg/(L.h)) 

% NO3
-
 

consumption (%) 

YX/S (g biomass 

DW/g NO3
-
) 

a 1.18 90.0 5.34 

A 1.36 96.2 10.06 

 
 

3.4.2. Heterotrophic cultivation – Glucose and nitrogen 

consumption 

 

The heterotrophic cultivation revealed higher glucose and 

nitrogen consumption in control fermenter (Table 2), also the 

produced biomass and the yield coefficient for biomass to 

glucose/nitrogen consumption. Although symbiotic fermenter 

had lower substrate consumptions, nitrogen source was 

depleted at the end of Chlorella growth. 

 
 
Table 2 – Glucose and nitrogen consumption and biomass yield at the end of 

heterotrophic cultivation of Chlorella protothecoides. 

Substrate Fermenter 
Substrate 

consumption 
(mg/(L.h)) 

% Substrate 
consumption 

(%) 

YX/S (g 
biomass 
DW/g S) 

Glucose 
h 564.7 99.5 0.44 

H 462.8 85.3 0.27 

Nitrogen 
h 5.20 72.4 48.16 

H 4.85 99.3 25.74 

 
 

3.5. Total lipid content 

 

A correlation between the microalgal total lipid content 

assayed by the established method (FA) and the NR 

fluorescence was obtained, analysing cells collected every 

12h to a total of 84 hours microalgal batch growth in 

heterotrophic cultivation, in flasks. (NRFL = 4.337 × FA% + 

44.24, R = 0.969). However, the NR analysis during the 
majority of Chlorella protothecoides growth in bioreactors 

revealed the working solution of NR and acetone didn’t have 

the standardized concentration, following results of total lipid 

content was taken by gas chromatography analysis.  

A comparison of heterotrophic and autotrophic Chlorella 

protothecoides growth for lipid production revealed that 

heterotrophic production achieved the highest fatty acid 

content (Table 3). 

Symbiotic bioreactors showed a higher lipid accumulation 

than control bioreactors, revealing a strong advantage related 

to the symbiotic effect of the association of two bioreactors. 

Also, nitrogen source was depleted in symbiotic fermenter, 
several studies depicted many microalgal species reach their 

maximum lipid content in nitrogen deficient media [19, 20]. 
 
 

Table 3 – Fatty acid (FA) content in biomass for each cultivation. 

Bioreactor h H a A 

FA/biomass 
% (w/w) 

24.6 ± 0.3 26.4 ± 1.3 7.1 ± 0.4 11.0 ± 2.8 

 

 

3.6. Productivity 

 

The variation of biomass productivity with time for each 
bioreactor individually is represented in Fig. 5. It shows that 

at the end of the assay the productivity was much lower as 

compared to the maximum obtained at the beginning of the 

assay for all cultivations.  

The autotrophic bioreactor intake air (control) attained the 

highest biomass productivity (0.33 g DW L-1 day-1) after 41 

hours of assay, but the autotrophic bioreactor intake air 

enriched CO2 had higher maximum biomass productivity 

(0.78 g DW L-1 day-1; t= 51 h ). The symbiotic association 

induced an increase of 140% biomass productivity. The 

control fermenter reached the maximum biomass productivity 
(11.8 g DW L-1 day-1) in only 1 day (t= 25h), 40% higher than 
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the maximum biomass productivity verified on the symbiotic 

fermenter (7.2 g DW L-1 day-1). 
 

 
 

Figure 5 – Biomass productivity variation for each individual bioreactor. 

 

 

The lipid productivity for each bioreactor was also 

estimated, multiplying the lipid content at the end of the assay 

by the global biomass productivity (Table 4). Symbiotic 

photobioreactors (VAP’s) achieved a lipid productivity 3-fold 
higher compared to the control photobioreactor. On the other 

hand, despite the higher lipid accumulation in the symbiotic 

fermenter, the maximum lipid productivity for heterotrophic 

cultivation was attained in the control bioreactor. The oil 

content in symbiotic bioreactor was 40% lower. 
 
Table 4 – Global biomass and lipid productivity obtained for each cultivation 

after 94 hour period (except bioreactor “h”, obtained after 70 hour period). 

Bioreactor h H a A 

Px global  
(mg/(L.h)) 

250 125 6.3 13.7 

PFA 

(mg/(L.h)) 
61 33 0.45 1.50 

 
 
 

3.7. Fatty acid composition of microalgae oil 
 

The total cellular fatty acid content was higher when 

Chlorella was cultivated in heterotrophic medium (Table 3). 

With regard to the microalgae fatty acid composition 

(Table 5) under different nutritional modes, the heterotrophic 

oil was mainly composed of oleic acid (18:1ω9 48~63%), 

linoleic acid (18:2ω6 22~28%) and palmitic acid (16:0 

10~17%). The autotrophic oil had quite different 

composition, which showed a decrease in oleic acid 

(21~28%) and in linoleic acid (8~11%), and an increase in 

palmitic acid (20~28%) and in linolenic acid (18:3ω3 
23~31%). 

The heterotrophic oil can be used directly as raw material 

for biodiesel, since complies the specification of the European 

Standard EN 14214 [21] that limits linolenic acid methyl ester 

to 12% (w/w) for biodiesel vehicle use. This is not the case 

for the autotrophic oil, the high content of linolenic acid 

requires an intermediate process (like blending with other oils 

or hydrogenation of the oil) to overcome this particular 

limitation and to be used for biodiesel production. 

 
 

Table 5 – Fatty acid profile of total FA identified in biomass of the four 

different cultivation modes of Chlorella protothecoides. 

 
FA% (w/w) 

Fatty acid h H a A 

C14:0 2.3 1.0 1.2 0.7 

C16:0 16.8 10.4 19.8 27.9 

C16:1ω7 1.0 0.1 3.4 5.6 

C18:0 1.0 2.1 12.2 2.8 

C18:1ω9 47.5 63.3 21.2 27.7 

C18:2ω6 28.3 21.6 11.1 7.8 

C19:0 0.1 0.4 0.4 3.6 

C18:3ω3 2.9 1.1 30.7 23.4 

C20:0 0.1 0.0 0.0 0.3 

 
 

Predictions for biodiesel properties from the fatty acid 

composition can be made according to Ramos et al. [22] 

when subjected to a transesterification process. This study 

demonstrates that the fundamental properties of biodiesel 
correspond to the cetane number, oxidation stability, iodine 

value and cold filter plugging, which directly depends on the 

nature of oil. The researchers found that oils having more 

than 50% of monounsaturated FA, 20% or less of saturated 

FA and 30% or less of polyunsaturated FA, produced quality 

biodiesel which in turn complied with the limits imposed by 

the European Standard EN 14214 for critical parameters. 

The heterotrophic oil obtained from symbiotic fermenter 

had better quality for biodiesel production, since it had the 

optimum composition (Fig. 6) of fatty acids described above 

(14% saturated; 63% monounsaturated; 23% 

polyunsaturated). In turn, the quality oil of control fermenter 
is the threshold of the conditions mentioned above, with a 

composition of 20% saturated FA, 49% monounsaturated FA 

and 31% polyunsaturated FA. The autotrophic oil, on the 

other hand, did not have a suitable composition for biodiesel 

production, since both cultivations (control and symbiotic 

VAP’s) exceed the saturation (34% control; 35% symbiotic) 

and polyunsaturation content (42% control; 31% symbiotic), 

and fall short of monounsaturation content (24% control; 34% 

symbiotic). However, a comparison between them shows that 

the oil from the symbiotic cultivation is superior due the 

lower content of polyunsaturated FA and higher content of 
monounsaturated FA. 
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4. Conclusions and future work 

 

This study aimed to characterize the growth of microalgae 

Chlorella protothecoides simultaneously in autotrophic and 

heterotrophic cultivation, making symbiotic exchange of gas 

flow in a closed circuit.  

First, a study was performed in order to correlate the fatty 

acid content (%FA/DW) with the Nile Red fluorescence. The 

correlation obtained was good (R = 0.969) and applied to the 
subsequent growth of Chlorella. However, since the NR 

working solution used did not have the standardized 

concentration, it was necessary to analyse the FA composition 

by gas chromatography and the process took longer without 

the capacity to perform the real-time analysis. It is suggested 

for future work a better handling of the Nile Red dye, namely 

keep it in the dark and at low temperature. The success of this 

step makes the microalgae lipid content analysis faster and 

assertive, allowing the correction of some parameters during 

the microalgae growth. 

Then the study of the association of two bioreactors, a 
photoautotrophic and a heterotrophic one was performed and 

a great success was achieved, to the approach of the 

symbiotic interaction. The operation registered the growth of 

Chlorella protothecoides in both cultivations, by the gas 

exchange between them (atmospheric air insertion was 

avoided). This effect is mainly due to an adjustment of initial 

cellular mass, resulted in a ratio (q) between both reactors 

close to 1 throughout the operation (0.25-1.4). 

The autotrophic culture showed better results in symbiosis 

at all levels: specific growth rate, productivity of biomass and 

lipids, in the heterotrophic cultivation was not demonstrated 

the beneficial effect caused by symbiotic interaction, since the 
results were lower than in the control fermenter. Problems 

with pH control during the operation have contributed to this 

outcome, and so, the operation should be repeated to validate 

the results. Moreover, for future work, initial cellular mass on 

the autotrophic cultivation must be higher, by increasing the 

volume of the autotrophic reactor (higher cellular densities 

implies higher energy costs to increase lighting) in order to 

improve the specific growth rate in heterotrophic cultivation 

(aeration becomes richer in O2).  

It was shown that nitrogen limitation in the medium 

induces lipid accumulation. Decreasing the initial 
concentration of nitrogen in the medium should be another 

measure to take into account in future trials, allowing higher 

oil yield and consequently make the process more profitable. 

The oil content in the symbiotic association of bioreactors is 

qualitatively and quantitatively superior to the two bioreactors 

operating individually, so the production costs of microalgal 

lipids produced by each of the bioreactors making up the 

symbiotic system will be lower. 

Chlorella protothecoides achieved higher biomass 

concentration, lipid content and lipid productivity in 
heterotrophic cultivation, when compared with autotrophic 

conditions. Furthermore, the fatty acid composition of 

heterotrophic cultivation is the most suitable for biodiesel 

production. In conclusion, part of the solution to the energy 

problems faced today should go through the microalgal oil 

production in heterotrophic conditions for biodiesel 

production, the most effective and profitable process. As a 

future perspective the association of two bioreactors should 

take full advantage of heterotrophic growth. For this 

cultivation, it is suggested to extend the operation period and 

in semi-continuous system, with frequent glucose feeds. In 
one hand, the exponential growth phase is maximized and, on 

another hand, retains the balanced relation of microalgae cells 

between the cultivations, since heterotrophic growth has 

higher specific growth rate. 

The biomass produced does not have the flue gas 

contamination coming from the CO2 supply, and therefore the 

use of biomass or use of its by-products for feed, cosmetic 

and/or pharmaceuticals is also possible with little or no 

restrictions. Moreover, the symbiotic association offers the 

possibility of eliminating CO2 production from heterotrophic 

metabolism, through its fixation by the photosynthetic 

process in autotrophic cultivation, a big advantage in 
environmental terms. However, great efforts on R&D should 

be under taken until microalgal oil production becomes 

economically competitive and implemented on a large scale. 
 
 
 

 

 

 

 

 

 

Figure 6 – Fatty acid composition grouped as saturated, monounsaturated, and polyunsaturated from the different oils obtained of the four different 
cultivation modes of Chlorella protothecoides. 
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